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Abstract  
 
Over the past three decades the zebrafish has proved to be an excellent model to 
investigate the genetic control of vertebrate embryonic development and it is now 
also increasingly used to study behaviour and adult physiology. Moreover, 
mutagenesis approaches have resulted in large collections of mutants with 
phenotypes that resemble human pathologies, suggesting that these lines can be 
used to model diseases and screen drug candidates. With the recent development of 
new methods for gene targeting and manipulating or monitoring gene expression, 
the range of genetic modifications now possible in zebrafish is increasing rapidly. 
Combined with the classical strengths of the zebrafish as a model organism, these 
advances are set to substantially expand the type of biological questions that can be 
addressed in this species. In this review we outline how the potential of the zebrafish 
can be harvested in the context of eye development and visual function. We review 
recent technological advances used to study the formation of the eyes and visual 
areas of the brain, visual processing on the cellular, subcellular and molecular level, 
and the genetics of visual behaviour in vertebrates.  
 
 
Introduction 
 
The zebrafish as a model organism 
 
It is now nearly three decades that the zebrafish (Danio rerio) was first 
proposed as a model organism to study the genetics of embryonic development and 
behaviour in vertebrates [1]. Interestingly, already George Streisinger, the founding 
father of the zebrafish field, had a keen interest in visual behaviour. The unpublished 
thesis of one of his students contains the outline of most behavioural assays still in 
use today [2]. Zebrafish research has come a long way since. While in the first two 
decades experimental approaches were often hampered by a lack of tools or 
techniques, recent years have seen a tremendous gathering of momentum in 
zebrafish research. A number of new developments have narrowed the gap to the 
types of genetic and molecular approaches that can be undertaken with more 
established model organisms, such as Drosophila or mice. In this review we will 
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highlight recent key advances that have changed or are likely to soon change 
zebrafish vision research in a major way.  
 
The zebrafish is a vertebrate, which has many of the advantageous features 
normally only found in invertebrate model organisms (reviewed in e.g. [3]). For 
instance, it produces a steady supply of large numbers of offspring (one female can 
lay around 200 eggs each week). This contrasts with, for example, an average of 6-
10 offspring every approximately 4 weeks in mice. Importantly, zebrafish females do 
not need to be sacrificed in order to obtain embryos as embryonic development is 
entirely external. These two aspects of zebrafish embryogenesis greatly facilitate 
large-scale approaches, such as mutagenesis screens aimed at discovering genes 
involved in various aspects of vertebrate development, behaviour or physiology.  
 
Another important advantage of this model organism is that zebrafish 
embryos and larvae are optically translucent – pigmentation of skin melanocytes and 
the retinal pigment epithelium can be prevented by keeping the developing embryos 
in PTU, a chemical that blocks melanin synthesis (see [4] for a protocol), or 
circumvented by using mutants which lack RPE pigmentation, such as the albino 
mutants (see [5] for references). The transparency of zebrafish embryos and larval 
stages allows observing the development of internal organs in living animals. 
Furthermore, by using fluorescent reporters, it permits monitoring gene expression in 
any region of the developing embryo and in real time.  
 
Moreover, zebrafish embryos and larvae are comparatively small. This has 
three key advantages: firstly, entire embryos or larvae can be placed under light 
microscopes and imaged live at high resolution, allowing not only the 3-dimensional 
imaging of entire animals or organs over time [6], but also the visualisation of 
subcellular details, such as migrating tips of axons during axonal pathfinding, e.g. in 
the retinotectal projection [7,8]. Secondly, the fact that the organs in zebrafish are 
composed of far fewer cells than, for instance, those of mice, makes it easier to 
visualise entire organs in vivo. In this context the newly developed Brainbow 
technique [9], which allows the simultaneous labelling of large numbers of cells with 
individual colours (see below), is particularly promising. When applied to the 
zebrafish brain or neural retina, this technique might, for instance, allow the 
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reconstruction of the neuronal network in an entire eye. Thirdly, their small size also 
greatly facilitates automated analyses. Zebrafish embryos and larvae fit, for example, 
into 96-well microtitre plates, allowing their use in large-scale screens, such as small 
compound screens used in drug discovery. 
 
Live analyses of embryogenesis are further aided by the speed with which 
zebrafish develop [10]. Only 24 hours post fertilisation (hpf) all major organs, such as 
the brain and the eyes, are recognisable; on the third day the larvae hatch and after 
just 5 days (5 dpf), the fish are able to fend for themselves, swimming, hunting for 
food and with all sensory systems, including vision [11,12], fully functional (see also 
below). In this context it is important to point out that zebrafish, unlike mice, are 
diurnal, have rich colour vision and are a highly visually oriented species whose 
foraging behaviour depends substantially on functional vision.  
 
Finally, the zebrafish genome project, which has now reached approximately 
7-fold coverage (see http://www.ensembl.org/Danio_rerio/Info/Index), has made the 
zebrafish one of the genetically best characterised animal species. The annotated 
sequence of the zebrafish genome is an important resource for several applications, 
including the mapping and cloning of mutations from mutagenesis screens, the 
identification of predicted genes for a reverse genetics approach or evolutionary 
studies on genome organisation or gene structure. With regard to the latter aspect, it 
is interesting to note that the zebrafish, as other teleosts, has gone through an 
additional whole genome duplication, following the 2 rounds of genome duplication at 
the base of the vertebrate lineage [13]. 
 
Many of these duplicated genes are retained in the genome, resulting in a 
significant proportion of mammalian genes having 2 paralogues in fish [14]. This can 
have both advantageous and disadvantageous consequences. It can be 
advantageous, for example, when studying a gene, which in mammals has an 
essential function early during embryonic development as well as later function(s). In 
this case, the late functions of this gene can only be studied in inducible knock-out 
models, which are laborious and costly to generate. In zebrafish, however, these 
functions may have been separated and taken over by paralogous genes, allowing 
the independent study of their roles in embryonic development and later stages, 
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including adult physiology. There are several examples of such a 
subfunctionalisation, where the ancestral function is distributed to two paralogs [15]. 
One is the CRALBP gene, which is expressed in Müller glia cells and RPE cell in 
mammals, while in zebrafish one paralog is only expressed in Müller glia cells and 
the other only in the RPE [16,17]. This allows a separate analysis of the functions of 
the mammalian ortholog of this gene, similar to a cell type-specific conditional 
knockout. A drawback, however, is that for some paralogous genes the separation 
may not be complete, resulting in functional redundancy for a given process, which 
in turn complicates phenotypic analyses as single mutants or knock-downs (see 
below) may not show a phenotype.  
 
 
The zebrafish visual system 
 
The visual system of the zebrafish develops extraordinarily fast, yielding a 
functional visual system by about 5 days post fertilization (dpf). This is the stage 
when the yolk deposit is depleted and vision is employed for prey capture. The 
morphogenesis and structure of the eye are generally conserved among vertebrates, 
and the zebrafish is no exception (Fig. 1). A solid cell mass evaginates bilaterally 
from the diencephalons forming the optic lobes at around 10 hpf [18]. These 
neuroectodemal cells later give rise to the neural retina, the pigment epithelium and 
the optic stack. The lens placode is induced at about 16 hpf through contact between 
the evaginating optic vesicles and the surface ectoderm [19]. Later on, lens placodal 
cells delaminate from the surface ectoderm to form a spherical mass of cells which 
will give rise to the characteristic lens fibre cells. Recently, the embryonic 
development of the zebrafish lens as well as its adult morphology has been 
described in detail [20]. 
 
Within the neural retina, ganglion cells are the first cell type to differentiate at 
around 28 hpf in the ventronasal patch from which differentiation proceeds in a 
wave-like fashion to cover the whole retina [21,22]. Subsequent to initial 
differentiation, ganglion cells contact higher processing centres via their axonal 
projections [18,23] at around 40 hpf. Development of the retina progresses in a 
stereotyped manner, with rod photoreceptors and Müller glia being the last cells to 
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differentiate [24,23]. Synaptic maturation of photoreceptor cells starts at 65 hpf after 
the formation of functional ribbon triads, a characteristic presynaptic structure of the 
photoreceptor ribbon synapse. However, visual information is not processed until the 
ribbon synapses of bipolar cells (BCs) reach maturity at 70 hpf [25]. 
  
This rapid morphological maturation of the zebrafish eye is reflected in the 
early appearance of visual function. Already at 3 dpf the startle response, an abrupt 
movement of the larvae, can be elicited by sudden changes in illumination [11,26]. 
Shortly thereafter, larval eye movements can be evoked by a surrounding motion 
stimulus [11,12]. This optokinetic response (OKR) can be reliably evoked at 5 dpf, 
shortly before the optomotor response (OMR) – i.e. larvae swimming in the direction 
of a perceived motion stimulus – is manifested [27,28]. The emergence of visual 
behaviour in zebrafish is paralleled by electrical responses of the retina to light, 
measured in electroretinograms (ERGs) [29]. Importantly, the contribution of rod 
photoreceptors to the ERG becomes only apparent starting at 15 dpf [30,31], 
indicating that the larval retina is strongly cone dominant and different from the rod 
dominated retina of, for instance, mice.  
 
In five day-old zebrafish larvae the optic axons project to 10 distinct regions in 
the brain [32]. The most prominent retinofugal target is the optic tectum, a dorsal 
midbrain structure homologous to the mammalian superior colliculus. The optic 
tectum is a multilayered structure with four major retinorecipient layers and likely 
constitutes the major visual processing centre of the fish brain and has been shown 
to be essential to coordinate prey capture movements [33]. Despite its name the 
zebrafish optic tectum is a multimodal processing centre receiving multiple sensory 
inputs. 
 
Regeneration in the zebrafish eye 
 
In some sense the development of the zebrafish retina is never fully 
completed, since even in the adult retina a circumferential germinal zone of stem 
cell-like cells remains in the ciliary margin. This zone adds new neurons to the retina 
throughout the lifetime of the fish [34]. With the exception of rod photoreceptors, all 
retinal cell types originate from this stem cell niche during zebrafish development. 
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Rod photoreceptors arise from special precursor cells which reside in the inner 
nuclear layer of the retina and differentiate while migrating to the outer retina [35,36].  
 
Lesions of the zebrafish retina—either via pharmacological, physical or light-
induced insults—trigger rapid regeneration of the retina. The injury induces mitotic 
activity in the inner nuclear layer. In the case of light induced photoreceptor lesions, 
inner retinal cells migrate to the outer nuclear layer, where they continue dividing and 
ultimately differentiate into cone photoreceptors [37]. Exclusive damage to the inner 
retina also leads to rapid regeneration of the damaged cell types [38]. In both cases 
Müller glia-associated cells of the retina are the source of regeneration [39,36,40,41]. 
They re-enter the cell cycle upon damage and are able to produce all retinal cell 
types as multipotent stem cells [41,38]. It is noteworthy that also in the uninjured 
retina, Müller glia cells proliferate at a low frequency, where they likely function as 
rod precursor cells [36,41]. The zebrafish thus represents an attractive system to 
understand the molecular orchestration of this retinal regeneration [42-46].  
 
A similar point can be made for the regeneration and differentiation of the eye 
lens in the zebrafish, which also continues to grow throughout the fish’s lifetime 
(although this is true for many vertebrate species, including humans). With recent 
studies on the zebrafish lens proteome [47] and the superb imaging technology 
available [48,49], the stage is set to study lens development and differentiation in the 
zebrafish at molecular resolution. 
 
 
Genetic analyses of visual processing, function and behaviour in zebrafish 
 
Compared to mice, the number and sophistication of genetic manipulations possible 
in zebrafish are still clearly limited. Gene-targeting and disruption through 
homologous recombination, for instance, which have proved enormously useful for 
our understanding of gene function in development and adult physiology, is not yet 
feasible in zebrafish. Recent developments indicate, however, that the gap between 
mouse and zebrafish genetics may narrow substantially in the near future. Given its 
many embryological advantages (see above), the zebrafish is therefore set to 
become the organism of choice in areas where sophisticated genetics is combined 
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with other approaches, such as high resolution in vivo imaging or large-scale 
screening. This may be a particular advantage for studies aimed at uncovering the 
genetics of vertebrate eye development and differentiation, studying stem and 
progenitor cell populations and regeneration processes in the eye, analysing 
neuronal connectivity in the retina, or testing drugs for ocular diseases with a strong 
genetic component in zebrafish models, which harbour mutations found in human 
patients.  
 
Forward genetic approaches 
 
Mutagenesis screens have a long tradition in dissecting the genetic 
underpinnings of developmental pathways. In such a forward genetic approach, 
mutations are randomly introduced into the genome and mutants are isolated via 
their phenotypes (Fig. 2). This approach is unbiased and the zebrafish was the first 
vertebrate where large scale screening efforts were initiated on chemically 
mutagenised zebrafish  [50,51]. Alternatively, zebrafish mutants have also been 
generated through the insertion of retroviral DNA into the genome [52-54]. Since in 
this type of mutagenesis the mutated loci are tagged by the inserted viral sequence, 
subsequent identification of the phenotype causing the mutation is greatly facilitated. 
This offsets the comparatively low mutation rates achieved with this method [55]. 
Chemical mutagenesis by contrast achieves much higher mutation rates, but 
subsequent mapping and positional cloning of the mutated locus can be laborious 
and time consuming. 
 
Chemical mutagenesis screens  
 
The original screens focused on morphological phenotypes that could easily 
be observed during development through a dissection microscope. This approach 
was later complemented by an increasing number of more specific assays. Mainly 
the screening for vision mutants has been greatly aided by behavioural assays. In 
particular, the optomotor response and the optokinetic response proved to be useful 
behavioural tools to assess visual function at larval stages [56-58,27].  
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In the optomotor response (OMR) the larvae are placed in a Plexiglas lane 
sitting on top of a computer monitor pointing towards the bottom of the lane. 
Projection of moving stripes causes sighted larvae to aggregate in one corner of the 
lane following the apparent movement [27,59,28]. The optokinetic response (OKR) is 
another behaviour evoked by large scale motion in the surround, e.g. by placing 
immobilized larvae inside a rotating drum fitted with black vertical stripes or by 
projecting such stripes [57,2,60,27]. Since both behaviours depend on a motor 
output, care must be taken to distinguish defects in afferent and efferent pathways, 
for instance by taking spontaneous motor activity into account [58,61]. Such screens 
were very successful in indentifying a range of mutants affecting various aspects of 
vision ranging from photoreceptor degeneration to specific retinal ganglion cell 
targeting defects [7,57,62,63,58,27]. Interestingly, the overlap of identified mutants in 
independent screens proved to be minimal, indicating that many more genes with 
functions in eye development and/or visual function are waiting to be isolated. 
 
Simple reflex behaviours are robust and quick to assess, which allows for 
their use in large-scale screens. However, they may not sufficiently probe more 
complex visual processes, since they are largely independent of the optic tectum 
[64], which as the major optically innervated brain structure is expected to play an 
important role in complex visual processing. One recently developed assay relies on 
prey capture, which is a more complex visual behaviour that strongly relies on the 
optic tectum [2,33]. It can be assessed by monitoring a paramecia culture in the 
presence of zebrafish larvae using high-speed camera recordings. The decline of 
paramecia over time then reveals the larvae’s success in prey capture [33,61]. 
Whether such prey capture behaviour can be adapted to efficient large-scale 
screening still needs to be demonstrated.  
 
The original forward genetic screens were based on simple visual inspection 
of unstained larvae. The advent of transgenic technologies now allows for an 
extension of this approach by scoring for the integrity of transgenically labelled 
specific structures in the live embryo [65]. Visualisation of distinct cellular structures 
by transgenic expression of fluorescent markers can substitute for time consuming 
histological analysis and speed up screening procedure as well as allowing in vivo 
analyses over time.  
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Insertional screens  
 
Insertional mutagenesis offers the advantage of marking the mutated loci, 
which greatly facilitates subsequent cloning of the affected gene. The only reported 
large-scale insertional screen is based on Moloney Murine Leukemia Virus (MMLV) 
pseudotyped with the envelope glycoprotein from vesicular stomatitis virus (VSV-G) 
[52,66,67]. The virus is microinjected into zebrafish embryos at the blastula stage to 
enable insertion into primordial germ cells. For unknown reasons pseudotyped 
leukemia viruses have a tropism for 5’ integration in active genes [68]. This renders 
them highly mutagenic and therefore particularly useful for the purpose of 
mutagenesis. However, when viral vectors are injected into early embryos, this 
tropism towards active genes also tends to give rise to mutations in genes which are 
expressed during early developmental stages, and to lead to lower mutation 
frequencies in those genes that are only active at later stages.  
 
Screening insertional mutants for abnormal eye morphology and visual 
behaviour has identified a diverse set of genes involved in visual system 
development and function that has previously not been isolated in chemical screens 
[63]. Recently, retrovirus-mediated insertional mutagenesis has been extended for 
gain-of-function screens [69].   
 
Besides retroviral insertions, mutagenic potential has also been discussed for 
transposon insertions [70-72]. Nagayoshi et al. [52] reported mutagenic efficiency for 
a Tol2-based enhancer trap construct that was comparable to the one of retroviral 
insertions. Enhancer trapping was previously used in zebrafish to identify temporal 
and spatial restriction of gene expression [73,74,70,75]. A large set of genetic tools 
(see below) have been developed to modify such Tol2-based constructs and to 
increase their mutagenic potential. Efficient transposon mediated insertional 
mutagenesis therefore offers great potential for future loss-of-function screens, as 
the preparation of the retrotransposon is technically less demanding than the 
production of highly concentrated pseudotyped retrovirus. Since insertions can be 
rapidly mapped, the generation of a library of founder fish carrying genetically 
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mapped insertions in all genes is within reach (reviewed in [76]). A community effort 
to achieve such an ambitious goal is currently discussed. 
 
Reverse genetic approaches 
 
Forward genetics approaches, i.e. mutagenesis screens, rely on the 
generation of mutations in random locations in the genome and the subsequent 
search for individuals displaying a mutant phenotype. This method has the 
advantage of being unbiased and requires no information on the genes that are 
mutated. Reverse genetics by contrast requires prior sequence knowledge of the 
targeted gene. While this may have been a significant disadvantage in the pre-
genomics era, the large numbers and high quality of sequenced genomes available 
today, make reverse genetic approaches a method of choice to characterise the still 
large number of genes for which little functional information is available. In the 
zebrafish, three techniques are available to study the function of known genes: 
knock-down via morpholinos, the identification of specific mutations via TILLING and 
the recently established targeted mutagenesis using sequence-specific Zinc finger 
nucleases.  
 
Morpholino knock-down 
 
Morpholinos were the first tools developed to target specific genes in the 
zebrafish and have therefore been instrumental to establishing the zebrafish as a 
model organism to study gene function during embryogenesis. Their biggest 
advantage is that they can be used to very rapidly assess the function of a given 
gene during early vertebrate development in vivo. They are thus often employed to 
test the functions of a novel gene or to confirm or rule out candidate genes for 
mutants isolated in a mutagenesis screen.  
 
Morpholinos are short oligonucleotides (generally 25 nt long) which, like 
siRNAs, can be designed to be complementary to any desired sequence [77]. In 
contrast to siRNAs, however, morpholinos are chemically synthesised, not 
transcribed, and the ribose-phosphate backbone normally present in nucleotides is 
replaced by morpholine rings connected via phosphorodiamidate moieties (Fig. 3A). 
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This chemical modification renders morpholinos resistant to breakdown by 
nucleases. Morpholinos are typically designed to bind to a region encompassing or 
immediately adjacent to the START codon of the target mRNA. This presumably 
obstructs ribosome assembly and thus prevents the translation of the targeted 
mRNA into protein (Fig. 3B, left). Alternatively, morpholinos can target splice sites, 
resulting in incorrect splicing and/or a disruption of mRNA translation (Fig. 3B, right).  
 
Morpholinos are generally injected into the zygotes or early blastomeres [77] 
(Fig. 3C). They distribute in the cytoplasm and are inherited by the daughter cells 
after each division as the embryo develops, preventing the expression of the target 
gene in the developing embryo. The fact that they are nuclease-resistant ensures 
that they persist over long periods of time. This works well during the early stages of 
development during which the embryo is not composed of too many cells and does 
not increase much in overall size. As the embryo develops, however, more 
transcripts are generated by the increased number of cells (and hence nuclei) and 
the morpholinos become progressively diluted until their cytoplasmic concentration 
drops below the threshold required to keep the target mRNA from being translated 
into protein. Depending on the targeted gene (e.g. its level and timing of expression) 
and the amount of morpholino that can be injected without causing off-target or 
unspecific toxic effects (zebrafish zygotes are large compared to mammalian ones, 
allowing comparatively large quantities to be injected), a morpholino knock-down 
typically lasts for between 3 to 5 days of development [78]. In zebrafish, this 
represents the end of embryogenesis and the time when most organs, including the 
eye and visual centres of the brain, have taken up their function, respectively. As a 
consequence, morpholinos can often be used to switch off a gene throughout the full 
duration of the development of an organ and even be used when trying to assess the 
function of a gene in early visual behaviour in zebrafish [79].  
 
A major advantage of morpholinos over other reverse genetics techniques is 
that their use is very fast, simple and comparatively cheap. Designing a morpholino 
is not more complex than designing a primer and they can be readily obtained 
commercially. An experienced experimenter can inject 100-150 embryos in an hour, 
generating large numbers of individuals with the knock-down phenotype. This is 
particularly attractive when many genes are to be targeted, for example in a 
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systematic screen aimed at analysing the functions of a large number of genes. 
Importantly, there is no need of breeding over several generations to obtain a 
mutation in a homozygous state. The injected embryos already are the generation 
that displays the knock-down phenotype. With the zebrafish’s rapid development, 
this means that it takes only hours to a few days from the beginning of the 
experiment (injection of the morpholino) to obtaining the desired phenotype. This 
time span that compares very favourably with, for example, the generation of knock-
out mice where, as a first step, ES cells need to be targeted, selected and injected 
into blastocysts (usually not less than 1 month) and at least 2 generations of mice 
need to be bred (at least 6 months) before the first homozygous embryos can be 
obtained. Moreover, the fact that eggs can readily be obtained in very large numbers 
for injections guarantees an effectively unlimited supply of embryos for analysis. This 
contrasts significantly with e.g. mice where heterozygous females have to be 
sacrificed to obtain the mutant embryos. Moreover, these embryos have to be 
genotyped prior to analysis.  
 
A further very attractive feature of using morpholinos is the possibility to 
simultaneously inject morpholinos against multiple genes, effectively allowing the 
generation of double or potentially even triple knock-downs [80]. This can be a 
significant advantage when having to silence genes with redundant functions or 
targeting multiple pathways. As outlined above, this can be done without the need of 
extensive breeding in order to obtain individuals carrying multiple mutant loci in a 
homozygous fashion. Naturally, morpholinos can also be injected into mutant 
backgrounds to assess the additional loss-of-function of other genes in the mutant 
context. Moreover, by titrating the concentration of the morpholino that is injected it 
can be possible to mimic an allelic series of phenotypes of varying strength.  
 
Finally, cells that have been injected with morpholinos can be transplanted 
into non-injected embryos (or vice versa) to generate mosaic individuals. This is an 
advantage when the targeted gene is widely expressed and its knock-down is early 
embryonic lethal. A transplantation of cells into an area giving rise to non-essential 
organs, such as the eyes, will allow investigating the functions of this gene 
throughout the development of this organ [17]. Similarly, by controlling the amount of 
transplanted cells and the location of transplantation, it is possible to generate clones 
14 
 
of morpholino-injected cells that are surrounded by normal cells within an organ. 
Such clones allow addressing questions regarding the interplay of cells during 
development. This approach is facilitated by detailed fate-maps of the zebrafish 
development (see e.g. [81-83] and references therein).  
 
With all their advantages (speed, ease of use and cost) it should, however, be 
noted that morpholinos are still relatively crude tools to switch off genes. The biggest 
problem, as with all antisense technologies, is off target effects, i.e. the undesired 
down-regulation of other genes to which the morpholino also binds. This may cause 
non-specific phenotypes, unconnected to the functions of the gene of interest, which 
have to be controlled for. Moreover, the knock-down of a gene will never result in a 
phenotype as clean and reproducible as a genetic mutation. As a consequence, 
while morpholinos are ideal for studying the function of genes quickly, they are less 
well suited when detailed analyses of the functions of a gene are desired. In the 
absence of mutants identified in a mutagenesis screen, zebrafish researchers have 
two alternatives to disrupt specific genes: TILLING and gene targeting via Zinc finger 
nucleases.   
 
TILLING 
 
TILLING (from: targeting induced local lesions in genomes) can be seen as a 
mixture of forward and reverse genetics approaches. It relies on the random 
generation of mutations in the genome, e.g. via chemical mutagenesis, as is typically 
done in a mutagenesis screen. To identify mutations in genes of interest, this is 
followed by the sequencing of defined regions of these genes in large numbers of 
individuals (Fig. 2). If null mutations are sought, for instance, the screen may focus 
on an early exon of the gene and search for premature STOP codons. Thus, while 
TILLING cannot target specific genes, as long as the mutation frequency is high 
enough and as long as sufficient numbers of individuals are screened, fish carrying a 
mutation in a gene of interest can be identified. In contrast to classical mutagenesis 
screens, for which the fish have to be bred to homozygosity (F3 generation) to be 
able to identify the (recessive) mutation via the mutant phenotype, this is not needed 
for TILLING experiments, where the F1 generation can be analysed directly for the 
(heterozygous) presence of a mutated allele in the sequencing reaction.  
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An important advantage of TILLING is that this technique is comparatively 
easy to scale up as only more sequencing reactions are needed to analyse more 
genes from the same mutated fish. This allows large-scale or even genome-wide 
approaches to be undertaken which aim at identifying mutants with lesions in defined 
genes. Importantly, large parts of the procedure lend themselves to automation, 
which favours large-scale approaches. It should, however, be noted that the 
comparatively large numbers of fish that have to be generated and screened in order 
to identify mutations in a gene of interest make this approach prohibitively expensive 
and time-consuming for most individual laboratories. The generation of collections of 
TILLING mutants is therefore commonly performed by consortia. 
 
A major drawback of TILLING is that the range of mutations that can be 
identified with this technique is limited. In contrast to homologous recombination – 
which in mice is used to generate a whole range of very sophisticated mutant lines, 
including the knock-out of endogenous genes and the expression of exogenous 
constructs (knock-in) in an tissue-specific, inducible or even switchable manner or 
the expression of specific mutations – TILLING mostly results in loss-of-function or 
hypomorphic alleles that compromise the function of the endogenous gene in all cell 
types and at all stages of development. Another, albeit generally minor, 
disadvantage of TILLING is that the random nature of the mutagenesis can result in 
additional mutations outside of the gene of interest. While most of these mutations 
will be silent and/or lost when the fish are outbred, it cannot be excluded that 
observed phenotypes may, at least in part, be caused by additional mutations in 
genomic regions unrelated to the gene under investigation. The generation of 
hypomorphic alleles or indeed allelic series via TILLING is, however, also an 
advantage. Numerous of the most instructive mutants in other species, such as 
those with behavioural phenotypes in Drosophila, are hypomorphs that could not 
easily have been identified in approaches relying on homologous recombination.  
 
Gene targeting via zinc finger nucleases (ZFNs)  
 
Site-directed mutagenesis via synthetic zinc finger nucleases (ZFNs) 
represents the latest addition to the repertoire of reverse genetic techniques 
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available for zebrafish and it is the most powerful in terms of the specificity and 
sophistication of the genetic manipulations that can be undertaken. In contrast to 
morpholinos, which act only transiently and are restricted to early developmental 
stages, ZFNs-induced mutations have been shown to be transmitted to subsequent 
generations. Moreover, they can be designed to specifically target a unique 
sequence in the genome. Thus, in contrast to TILLING which necessitates a time-
consuming screening for (randomly induced) mutations in a gene of interest, ZFNs 
enable the generation of defined genetic changes in a given locus. Similar to the 
homologous recombination-based modification of genes in mice, ZFNs can be used, 
in principle, to generate both ―knock-out‖ as well as ―knock-in‖ models. This is a 
tremendous advance for zebrafish research, as it would, for the first time, allow 
genetic manipulations of unprecedented precision and sophistication to be carried 
out. Clearly, this method not only allows the targeting of protein-encoding genes, but 
also of any other sequence in the genome, including regions harbouring microRNAs, 
non-coding RNAs or regulatory sequences. 
 
ZFNs are synthetic proteins generated by fusing DNA-binding zinc finger 
domains to a non-specific endonuclease domain (reviewed in [84]). Zinc finger 
domains are naturally occurring protein domains, which recognise 3 base pair target 
sequences in DNA. To achieve specific binding to longer – and hence unique – 
sequences in the genome, ZFNs can be engineered to contain more than one zinc 
finger domain, each recognising a different 3-bp motif. Using 4 zinc finger domains in 
tandem, for instance, will allow the specific recognition of a sequence motif which is 
12 base pairs long.  
 
Importantly, ZFNs are only active when bound to DNA as dimers. After 
binding of two ZFNs to a target site, the nuclease domains dimerise and cleave the 
DNA backbone leading to a double-strand break. Such breaks are detected and 
repaired by the cell’s endogenous double-strand break pathways, i.e. either via non-
homologous end-joining (NHEJ) or homologous recombination. The joining of two 
ends of DNA via NHEJ is often imprecise and can result in mutations in the targeted 
gene, such as frame-shift mutations, which abrogate gene function. This type of 
repair mechanism can thus lead to a null phenotype (―knock-out‖). Alternatively, by 
supplying an excess of exogenous DNA with ends matching the targeted site, the 
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homologous recombination machinery can incorporate these sequences at the 
desired locus resulting in a knock-in. The latter approach has so far not been 
realised in zebrafish (see below).  
 
In zebrafish, ZFNs have recently been used to generate mutations in both 
somatic cells and in the germline by inducing NHEJ [85,86]; reviewed in [85,87]. To 
achieve this, ZFNs were introduced by injecting the respective ZFN-encoding 
mRNAs into 1-cell stage embryos (see also [88] for a protocol). The fish derived from 
these mutagenised embryos typically carry small insertion or deletion mutation(s) in 
the gene of interest and germline transmission was assessed by genotyping their 
progeny. The first attempts at generating zebrafish mutants with mutations in defined 
genes via this method and subsequent germline transmission have yielded success 
rates of up to 30%. This compares very favourably with other methods used to 
knock-out genes in other model organisms, notably homologous recombination-
based approaches in mice, which typically do not yield efficiencies of over 5%. 
Moreover, the authors of one study reported identifying a hypomorphic mutant allele 
[86]. This suggests that the variable lengths and types of insertions and deletions 
induced by NHEJ can result in allele series of mutant phenotypes of varying 
strength, an important advantage when investigating the function(s) of a gene.  
 
The application of ZFNs is currently limited by the availability of validated zinc 
finger combinations recognising a sequence/gene to be targeted. This situation is 
addressed by concerted efforts to create collections of ZFNs with characterised 
binding sites that would cover the entire genome (reviewed in [85,87,14]). 
Importantly, the repertoire of existing (naturally occurring) zinc finger domains can be 
expanded by mutating domains to generate new ones with novel DNA binding 
specificities [84]. In this context, a recent study is of interest which used the OPEN 
method (from: Oligomerized Pool ENgeneering) to generate ZFNs to target five 
different genes in the zebrafish genome, demonstrating that ZFNs resulting in NHEJ-
induced insertion/deletion mutations can be efficiently produced even by laboratories 
not specialising in this technology [89]; see also [88]. Moreover, the authors also 
found one or more potential target sequences for ZFNs designed via OPEN in the 
first 3 coding exons of >25,000 transcripts from genes found in zebrafish [89], 
indicating that genome-wide gene targeting may be achievable in this species.  
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A concern with using ZFNs is the risk of toxic effects, for instance as a result 
of a cleavage of additional, non-targeted sequences (―off-target‖ effects) or 
oncogenic translocations [84]. These problems might, however, be largely 
circumvented either one or a combination of approaches, including (i) using obligate 
heterodimer forms of the endonuclease (reviewed in [85]), (ii) using ZFNs with higher 
numbers of zinc finger domains to increase target specificity ([85,86]; see also [14] 
for discussion), and (iii) by determining the amount of ZFNs needed in a given 
context to still result in efficient targeting of the locus of interest while minimising 
undesired off-target or general cytotoxic effects. In this context it is important to point 
out that already the first 2 studies which generated ZFN-induced mutations in 
zebrafish detected very low levels of off-target cleavage and found that a large 
number of the injected fish developed and bred normally [85,86], indicating that the 
method did not have any major adverse consequences.  
 
While the usefulness of ZFNs in generating targeted mutations in zebrafish 
genes of interest have clearly been demonstrated, the method does currently not 
allow the introduction of exogenous DNA into the zebrafish genome. The crucial next 
step in making this method significantly more powerful will therefore be to establish 
efficient and easy-to-use protocols that allow ZFN-induced double-strand breaks to 
activate the homologous recombination machinery in zebrafish and lead to the 
incorporation of exogenous DNA. Such ZFN-mediated knock-ins would open up a 
wide range of possibilities to study gene function in this species. This includes 
inserting transgenes, such as fluorescent reporters, at specific genomic locations to 
ensure endogenous expression levels, substituting wild-type alleles for alleles 
associated with disease to mimic human conditions, inducible or switchable alleles to 
elucidate the functions of genes during defined developmental stages or tissue-
specific alleles to assess the role of a gene in a given organ. Preliminary data appear 
to indicate, however, that gene targeting via homologous recombination might be 
more difficult to achieve in zebrafish than via NHEJ [89].  
 
Transgenic techniques 
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Gene ablations, either through random mutagenesis or through targeted 
methods described above, are a great tool to identify new genes or new functions of 
known genes, including those important for the development of a functional neuronal 
network. To reveal the complexity of a neuronal network it is furthermore essential to 
visualise single components and their connections or to manipulate cell functions. 
For this, different transgenic techniques are now available in zebrafish that allow 
efficient, targeted gene expression. 
 
DNA can, for example, simply be microinjected into zebrafish eggs. Since 
microinjected plasmid DNA mainly remains episomal, this gene delivery approach is 
primarily exploited for mosaic expression analysis. Co-injection of DNA and the I-
SceI meganuclease strongly enhances the efficiency of genome integration 
(reviewed in [90]). To spatially restrict gene delivery, DNA can instead be injected 
locally and electroporated into cells [91,92].   
 
More recently, retroviral infection and transposon-mediated transgenesis were 
established as alternative transgenic techniques allowing efficient gene delivery and 
high germline transmission (reviewed in [93-95]). Transposon mediated transgenesis 
using the Tol2 system has thereby emerged as the method of choice for most 
applications. Different aspects of transgenic techniques have recently been reviewed 
[96-99]. Here, we will discuss some of the recent improvements and highlight them in 
the context of vision research. 
 
Targeted Gene Expression 
 
Although transgenic techniques now allow the insertion of any genetic 
construct into the zebrafish genome, it remains challenging to achieve cell specific 
expression of a gene of choice. Conceptually the most direct way is to clone specific 
promoter sequences of a gene endogenously expressed in the cells of choice and 
link the transgene to this specific promoter. However, cloning of gene-specific 
promoters is often time consuming and expression patterns frequently do not 
completely reflect the expression of endogenous genes due to missing enhancer and 
silencer elements. Therefore, an automated high-throughput imaging approach has 
been developed to yield insights into the specificity of enhancer-promoter 
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interactions in vertebrates and already provides a resource of core promoters for 
transgenic applications [100]. A recent study has exploited the increasing number of 
cell-type specifically expressed reporter genes and combined them with other 
advantages of the zebrafish, in particular, its transparency and the small size of its 
embryos and early larval stages, to study how the neural retina is patterned [101]. In 
doing so, the authors could show how different members of the FGF family work 
together at different stages of development to orchestrate the initial patterning and 
subsequent rearrangement of cell types.  
 
An alternative way of targeted transgene expression in zebrafish is to trap 
endogenous enhancers (enhancer trap, ET) or genes (gene trap, GT). This is 
achieved by the random integration of ET or GT constructs into the genome (Fig. 4). 
In ET and GT screens various zebrafish lines with distinct expression patterns have 
been generated [102,99,103-106]. Expression patterns of such lines are, however, 
rarely restricted to one particular cell type, which is not surprising given the wide 
expression domains of most genes.  
 
To yield a higher sensitivity and flexibility of transgenic reporter constructs a 
two component expression system can be used. Indeed, most recent trapping 
screens made use of the Gal4/UAS system by inserting the Gal4 gene or a self-
reporting Gal4/UAS construct [102,104,99]. Such trapped zebrafish lines can be 
crossed with a variety of different UAS lines, e.g. UAS:gfp, UAS:Kaede or 
UAS:TeTxLC to label cells or manipulate cell functions [102]. Additionally, a self-
maintaining (Kalooping) construct is now available, allowing spatio-temporal genetic 
fate mapping [107].  
 
The specificity of spatio-temporal transgene expression in ET or GT lines can 
further be enhanced through the use of three inducible expression systems that have 
recently been established in zebrafish. One system exploits a chemically inducible 
variant of Gal4. Here, the Gal4-VP16 is fused to the ligand-binding domain (LBD) of 
the ecdysone receptor (EcR) from Bombyx mori [108]. The activity of this chimeric 
Gal4 variant (GV-EcR) is induced in presence of tebufenozide pestizide. Thus, 
spatially restricted transcriptional activity of GV-EcR can now be complemented by 
temporal regulation of Gal4-dependent reporter genes expression through 
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tebufenozide administration. Such a spatio-temporal regulation mechanism may 
become essential in studies in which neuronal cell activity is manipulated (e.g. [109]). 
In the future, it will be promising to combine modified Gal4 variants of low toxicity 
[102,107] and the EcR to further improve effective transgene expression. Alternative 
systems controlling Gal4 activity in a spatiotemporally restricted manner have been 
developed in Drosophila. The slit Gal4 expression system or the expression of the 
Gal4 inhibitor Gal80 are two possibilities (reviewed in [98]). Their use has yet to be 
reported in zebrafish. 
 
A second system that has recently been introduced for spatio-temporal 
transgene regulation is the LexPR/LexA expression system [110]. Transcriptional 
activity is mediated by the fusion protein LexPR. LexPR is composed of the DNA 
binding domain of the bacterial LexA repressor, the truncated ligand binding domain 
of the human progesterone receptor and the activation domain of the human NF-
B/p65 protein. In presence of the synthetic steroid mifepristone LexPR binds to a 
synthetic operator-promoter sequence harbouring LexA binding sites and drives 
expression of downstream genes. Similar to the Gal4/UAS system, spatial control of 
gene expression is attained through the enhancer-promoter elements driving LexPR, 
while temporal control is achieved through the administration of mifepristone. LexPR-
dependent transcription of reporter genes is induced in zebrafish larvae within one 
hour but is switched off very slowly. Even five days after mifepristone withdrawal 
reporter transcripts are detectable [110]. In contrast, temporal regulation of GV-EcR 
appears to be tighter; inactivation of GV-EcR occurs within one hour after 
tebufenozide removal [108]. However, it should be noted that the LexPR and GV-
EcR activities were assayed differently, making the results of these studies not 
directly comparable. In the future, the LexPR/LexA system can substitute for the 
Gal4/UAS system in enhancer trap screens to generate zebrafish lines that drive 
LexPR-dependent transgene expression in components of the visual circuitry.  
 
Even more flexibility in regulating transgene expression can be obtained when 
the Gal4/UAS or LexPR/LexA system is combined with the Cre/LoxP system. The 
Cre enzyme was originally isolated from bacteriophage P1; it promotes specific 
recombination between two loxP sites [111], each of a length of 34 base pairs. 
Depending on the loxP sites, Cre-dependent recombination can excise, invert or 
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insert DNA sequences (Fig. 5). Sato et al. [109] exploited the Cre/loxP system to 
excise a loxP flanked DsRed sequence and stochastically induce GFP expression in 
order to label single neurons in the zebrafish tectum and study their projections. 
 
Inducibility and hence temporal control of such recombination events can be 
achieved through the expression of Cre recombinase under a heat shock promoter 
[112]. Alternatively, inducible Cre protein variants have successfully been tested in 
zebrafish. Cre was fused to one or two mutated ligand-binding domains of the 
human estrogen receptor (CreERT2 or ERT2CreERT2). Activity of this modified Cre 
enzyme can be induced by administration of tamoxifen [113,114]. Depending on the 
tamoxifen concentration and the level of CreERT2 protein, the recombination rates 
can be variable [115]. Recently, the flip-excision (FlEx) system has been 
incorporated to modify the irreversible Cre-mediated recombination events and allow 
re-inversion of DNA sequences [116].  
 
Cell labelling 
 
Transgenic techniques greatly complement conventional methods such as 
tracer injection or antibody staining (Fig. 6) for the visualisation of complex neuronal 
networks. A major advantage of transgenic techniques is that fluorescent marker 
expression not only facilitates labelling of single cells within the complex visual 
circuitry but also allows studying neuronal connectivity or plasticity in vivo. By 
combining transient and stable expression of membrane-tagged fluorophores Mumm 
et al. revealed diverse dendritic growth and arborisation patterns for zebrafish RGCs 
and precise targeting of synaptic strata in the inner plexiform layer [117].  
 
Furthermore, visualisation of dynamic developmental processes during wiring 
of a neuronal circuit became recently accessible through the development of 
fluorescent pre- and post-synaptic markers [118,119]. Synaptophysin:GFP 
expression under the Brn3C-promoter was used to visualise synapse formation of 
RGC in the zebrafish tectum [118]. Similarly, fusion protein PSD-95:GFP expressed 
in tectal neurons localises post-synaptically in dendritic arbours. Long-time in vivo 
imaging revealed that synapse formation stabilises filopodia and directs dendrite 
arborisation [119]. These studies nicely outline the potential of specific transgenic 
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markers to visualise highly dynamic events during neural circuit formation in the 
zebrafish visual system. 
 
Stochastic expression of fluorophores by DNA microinjection is a valuable tool 
to visualise single cells and their connections within a dense neuronal network. 
Individual neurons within the visual circuit can also be visualised by exploiting the 
variegated expression of GFP in the Brn3c:Gal4, UAS:GFP (BGUG) transgenic line 
[99,120]. Recently, this transgenic line has successfully been applied to describe the 
cellular architecture of the larval zebrafish optic tectum [121].  
 
An alternative approach to label single cells or whole groups of neurons 
exploits photoconvertible fluorophores [122,99]. The Kaede protein and the Dendra 
protein are two examples of such fluorophores that can transgenically be expressed 
in zebrafish neurons. Their fluorescence can be stable converted from green to red 
upon illumination with UV and blue light, respectively [123,124]. Since these proteins 
diffuse easily throughout the cell they also allow tracing of neuronal processes as 
axons and dendrites. Photoconvertion of Kaede within groups of neurons is already 
feasible using an epifluorescent microscope with a standard DAPI filter set. For the 
conversion of Kaede within individual neurons confocal microscopes are instead 
needed to spatially restrict the UV laser light. However, the photoconvertion of 
fluorophores within individual neurons of deep and densely packed cell layers is 
challenging [121] and demands for more sophisticated setups as e.g. the two-photon 
microscope.  
 
Recent advances in multicolour labelling of zebrafish neuronal circuits have 
been achieved through the use of stochastic Cre/LoxP recombination [109] and the 
combination of the Cre/LoxP and FlEx system [116]. Both studies opened the door 
for a more advanced technique that has recently been described in mouse [9]. The 
Brainbow technology exploits Cre-mediated stochastic re-shuffling of tandem 
arranged fluorescent marker genes to colour-tag individual cells within a neuronal 
network. Current Brainbow constructs encode up to 4 different fluorescent markers. 
Multiple pairs of lox sites in these constructs allow Cre-mediated excision and/or 
inversion to position individual marker genes for transcription. In presence of multiple 
transgene copies, different fluorescent markers are co-expressed within one cell. 
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Thereby, a variety of different colours is generated and each cell is labelled 
individually according to its unique set of fluorescent markers. Applying the Brainbow 
technology in zebrafish will in future ease the visualisation of individual neurons and 
in the long run might allow the reconstruction of visual circuits. 
 
Cell ablation 
 
Besides the anatomical description of the visual circuitry transgenic 
technologies also contribute substantially to the functional characterization of this 
complex neuronal network. Transgenic zebrafish lines have been used to visualise 
cell structures and guide laser ablation of specific cells. For instance, ablation of 
retinotectal projections in transgenic zebrafish larvae destroyed tectum function and 
revealed that OKR and OMR behaviour does not depend on the tectum [64]. 
Ablation studies further showed that orientating movements during prey capture, in 
contrast, strongly rely on tectum function [33]. 
 
Recently, cell ablation for functional analysis has become easily feasible 
through the use of bacterial nitroreductase (NTR). Exploiting the transgenic tools 
described above, NTR can be expressed cell type specifically, e.g. in rod 
photoreceptors [125] or in a subset of bipolar cells [126]. After administration of 
metronidazole (Met), the pro-drug Met is converted in NTR expressing cells into a 
cytotoxic agent causing DNA damage and apoptosis [127]. Using NRT-mediated cell 
ablation Montgomery et al. confirmed that rod photoreceptor cell death can induce 
Müller glial proliferation, though rod cell death must be sufficiently high and acute 
[125]. This study nicely complements previous regeneration studies using light 
damage [44,37], ouabain injection [38,128] or surgical injury [40] to induce cell death.  
 
Cell ablation through NTR induced apoptosis is straightforward and highly 
reproducible also in a large scale approach. Cells can be targeted specifically 
through the restricted expression of NTR and the time-point of ablation can be 
controlled through administration of Met. This technique will now allow studying cell 
death and regeneration dynamics in more detail. To visualise cellular behaviour 
during apoptosis a fusion protein composed of the NRT and a fluorescent reporter 
can be expressed. Such NTR fusion proteins get homogeneously distributed 
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throughout the cytoplasm, thereby labelling the entire cell. Alternatively, the NTR 
encoding nfsB gene and a reporter gene can be linked via the viral 2A peptide 
sequence. An inefficient peptide bond formation within the 2A peptide allows 
stochastic translation of NTR and the reporter without fusion [129]. Another approach 
involves the Gal4/UAS system. If NTR is expressed in a Gal4-dependent manner 
additional UAS-linked transgenes can be co-expressed. By exploiting both trans 
activation through Gal4 or inefficient peptide bond formation, reporters with distinct 
cellular localisations can be expressed to visualise defined cell structures as the cell 
nucleus or the neural synapse. 
 
Having a tool in hand that allows highly specific cell ablation the visual 
circuitry can now be dissected and distinct cellular functions within the network can 
be revealed. Such cell ablation studies can be supplemented through an alternative 
approach in zebrafish. Instead of killing a cell, its function can be manipulated 
(reviewed in [130,131]). For instance, the neurosecretory function of a neuron can be 
blocked through the transgenic expression of tetanus toxin light chain (TeTxLC) or 
dominant negative vesicle associated protein (dnVAMP) [102,132,133]. Suppression 
of neurotransmitter release in RGCs during circuit formation revealed the importance 
of synaptic activity for axon arborisation of RGCs in the zebrafish tectum [132].  
 
Blocking neuronal activity through TeTxLC or dnVAMP is valuable to study 
the wiring of a developing neuronal circuit. To apply this method on an already 
existing neuronal network, TeTxLC or dnVAMP expression has to be tightly 
controlled in a spatio-temporal manner to avoid unspecific effects. To circumvent 
potential side effects through leaky expression, optogenetic tools can be applied 
instead to modulate neuronal activity. A transgenic expressed, modified ionotropic 
glutamate receptor, LiGluR, depolarizes neurons only upon interaction with synthetic 
maleimide azobenzene glutamate and activation through UV light; blue light can 
switch off LiGluR function [134]. Since LiGluR retained the ability to be activated by 
free glutamate its application in glutamatergic synapses of the visual circuitry is of 
great interest. In zebrafish, this optogenetic control system has already successfully 
been used to manipulate zebrafish escape response to a touch stimulus [135].  
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Alternatively to LiGluR, the light-activated chloride pump halorhodopsin 
(NpHR) can be used to silence neuronal activity [136,137]. NpHR has recently been 
used in combination with light-gated cation channel channelrhodopsin (ChR2) to 
manipulate the activity of hindbrain neurons [138,139]. One drawback of NpHR and 
ChR2 is that their activation relies on strong pulses of yellow and blue light, 
respectively. Efficient NpHR or ChR2 stimulation in neurons of deep cell layers might 
therefore be challenging. Moreover, ChR2 evoked currents are not as large as 
LiGluR generated currents and less stable. Thus, LiGluR is currently the most 
effective means to manipulate neuronal activity and study visual function. 
 
Activity imaging 
 
Characterising the properties of a cell within the visual circuitry is essential to 
understand how visual information is integrated and processed. Electrophysiological 
methods, such as ERG or single cell recording, have recently been supplemented by 
fluorescent techniques. Fluorescent indicators are used to monitor sudden changes 
in cellular ion concentrations, membrane potentials, or neurotransmitter release by 
changing their fluorescent emission (reviewed in [140-142]). While conventional 
microelectrode recordings have the advantage that fast neuronal kinetics can be 
revealed, fluorescent indicators allow concurrent monitoring of groups of neurons 
within a neural ensemble. Their use also provides the opportunity to record neuronal 
activity in animals that are awake and to link neuronal activity with behavioural 
functions (reviewed in [143]). Recently, neuronal activity was imaged even in free 
swimming zebrafish larvae [144]. 
 
Fluorescent indicators of neuronal activity can be applied as synthetic dyes 
(through superfusion or microinjection) or they can be encoded genetically. Most 
commonly used are synthetic, voltage- or calcium-sensitive dyes. The advantage of 
Ca2+ indicators over voltage-sensitive dyes is their brighter fluorescence and lower 
phototoxicity. Using such a synthetic Ca2+ indicator, population imaging of the larval 
zebrafish tectum revealed that direction- and size-selectivity of tectal neurons is 
established right after RGCs start to arborise in the tectum [145].  
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Although synthetic dyes have a favourable signal to noise ratio, they cannot 
easily be targeted to specific neuronal cell types. This drawback can be overcome by 
the use of genetically encoded indicators [141]. Calmodulin-based (e.g. cameleon or 
GCaMP3) or troponin-based (TN-XXL) indicators are sensitive to changes in cellular 
Ca2+ concentrations [146-149]. Colmeleon, in contrast, may serve as chloride 
indicator to monitor synaptic inhibition [150]. The important advantage of genetically 
encoded indicators is that their expression can be targeted to specific cell types by 
using appropriate regulatory elements. When combined with the Gal4/UAS or 
LexPR/LexA system their expression can be controlled in a spatio-temporal manner. 
In addition, Ca2+ or Cl- indicators can be co-expressed with additional fluorescent 
proteins to facilitate anatomical description of the imaged neurons and reconstruction 
of their connectivity. The Ca2+ indicator cameleon has already been used to monitor 
motorneuron and spinal interneuron activity in behaving larval zebrafish [151]; but 
none of the genetically encoded indicators have yet been used to study the visual 
circuitry of zebrafish. 
 
Zebrafish models of human ocular diseases and visual impairment 
 
Zebrafish is a valuable model organism to study human eye diseases. Its 
retina has comparable morphological and physiological properties to the human 
retina. In particular, its cone dominance closely mimics the functional cone 
dominance of the human visual system. This is of importance when studying, for 
instance, macular degeneration, a disease which affects the cone photoreceptors 
and is hence difficult to model in mice.  
 
Human genetic diseases can be mimicked in zebrafish relative cheaply and 
rapidly through morpholino-mediated gene knockdown or over-expression of 
dominant negative gene variants (see above). Moreover, transplantation studies can 
help to circumvent early embryonic lethal phenotypes or to reveal cell autonomous 
gene functions. In addition to morphant analysis, several mutant lines with visual 
defects were isolated in mutagenesis screens that might serve as models for human 
diseases. 
 
Retinal mutants  
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Inherited blindness is most commonly caused by defects in photoreceptor 
function resulting in photoreceptor degeneration. Several zebrafish mutant lines with 
a photoreceptor degeneration phenotype have been isolated (reviewed in [152]). 
Analysis of such mutants has already contributed significantly to our understanding 
of degeneration mechanisms. For instance pde6cw59 mutants, which harbour a 
mutation in the cone phosphodiesterase and have a disrupted cone 
phototransduction, revealed a mechanism for secondary photoreceptor degeneration 
triggered by a reduced cell density in consequence of primary cone degeneration 
[153,154]. pde6cw59 mutants might be used to screen for potential drugs preventing 
photoreceptor degeneration. Another example constitutes the analysis of different 
intraflagellar transport (IFT) mutants [155,156]. Mutant analysis implicated the 
importance of the IFT complex B in the maintenance of photoreceptor cell outer 
segments and gave functional evidence for distinct ift genes in causation of retinal 
diseases such as retinitis pigmentosa. 
 
Beside photoreceptor specific functions, analyses of zebrafish mutants helped 
to associate deficiencies in retinal pigment epithelium (RPE) function with 
photoreceptor degeneration. The zebrafish rep1 mutant, for example, linked 
photoreceptor degeneration observed in human choroideremia to defects in the RPE 
[157]. Hence, rep1 mutant analysis provided not only new insights into the pathology 
of this disease but also pointed out new strategies for future therapies.  
Similar to rep1, mutations found in vamp6 [158], silva [78] or in different components 
of the vacuolar ATPase complex  [159] cause defects in RPE functions that result in 
an altered photoreceptor morphology and impaired vision. None of these genes co-
segregate with yet known disease genes. The phenotypes of these mutants, 
however, mimic characteristics of human diseases. Hence, these genes might be 
candidates for yet unknown genes underlying human diseases.  
 
Besides congenital blindness, zebrafish was shown to model various retinal 
diseases. Recently, vhl mutants, carrying a mutation in the von Hippel-Lindau (VHL) 
tumour suppressor gene, were for instance described as models for vascular 
retinopathies [160]. By combining mutant analysis with transgenic methods this study 
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outlines the potential of zebrafish to study the pathogenesis of a disease and to 
screen for novel pharmacological treatments. 
 
Mutants with defects downstream of the retina 
 
Zebrafish mutants with retinotopic projection defects provide insight into axon 
guidance and targeting mechanisms as well as synaptic specificity. Moreover, such 
mutants help to assign functions to distinct circuits within the visual system [7,58].  
 
Interestingly, recent analyses associated zebrafish projection mutants with 
human diseases. The zebrafish dragnet/col4a5 mutant has been isolated due to 
patterning defects of tectal layers [120,65]. In humans Col4a5 mutations cause 
Alport syndrome, which includes defects in the kidney, ear and lens. Defects in the 
central nervous system are only rarely described in humans. Hence, the analysis of 
dragnet mutants helped to associate possible neurological abnormalities with human 
collagen IV disorders and nicely outlined the potential of zebrafish projection mutants 
in revealing patterning mechanisms of the vertebrate nervous system.   
 
Similarly, the zebrafish belladonna (bel) mutant was first described as 
achiasmatic exhibiting a sign-reversed OKR [27,161]. bel mutants also show strong 
spontaneous eye oscillations (SOs) in absence of motion stimuli [162]. These SOs 
closely resemble infantile nystagmus (IN) in human patients indicating that IN might 
be caused by projection defects. These findings establish bel as model for human 
IN. 
 
Future perspectives 
 
The embryological advantages and the genetic tractability of the zebrafish, 
combined with a visual system that closely resembles the human eye, have led this 
species to become one of the main model organisms to study vertebrate eye 
development and disease. Moreover, the possibility to easily measure several 
visually evoked behaviours allows sophisticated studies of visual processing and 
function. With the recent development of new techniques that allow the targeting of 
specific genes and controlling gene expression in a spatio-temporal manner, it is 
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now possible to dissect the genetic control of eye development and function with 
unprecedented detail in this species, for example by facilitating the observation of 
specific cell types to elucidate their physiological characteristics or contribution to the 
processing of visual information. The zebrafish is therefore expected to gain in 
importance as a model for eye research, including in our understanding of human 
ocular disorders and diseases.  
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Figure legends 
 
Fig. 1: Morphology of the visual system of a 5 day old zebrafish larva. GCL, ganglion 
cell layer; INL, inner nuclear layer; ONL, outer nuclear layer; ON, optic nerve; OC, optic 
chiasm. Scale bar is 100 µm 
 
Fig. 2: Schematic representation of the procedure of a chemical mutagenesis in 
zebrafish followed by (a) the breeding scheme of a classical phenotypic screen and 
(b) the identification and recovery of mutants in a TILLING approach. As a first step in 
both approaches, male fish are mutagenised with ENU – which induces mutations, amongst 
other cell types, in the spermatogonia – and subsequently mated with wild-type female 
zebrafish. The resulting fish of the F1 generation are heterozygous for individual mutations 
(indicated as ―m‖ in coloured circles in this figure). a In the phenotypic screen, these F1 
individuals (male and female zebrafish) are mated with wild-type zebrafish in order to obtain 
F2 families of zebrafish carrying a specific mutation. Following Mendel’s laws, approximately 
half of the zebrafish in F2 families are heterozygous for a particular mutation (+/m), whereas 
the other half carries two wild-type alleles of the respective locus (+/+). As the vast majority 
of ENU-induced mutations are recessive, the heterozygous individuals of the F1 and F2 tend 
not to show a phenotype. The F3 generation is generated via random matings between 
siblings of the F2 family. The F3 is the first generation with individuals that are homozygous 
for the induced mutations – when two heterozygous individuals of the F2 have been mated – 
and hence the first generation in which the mutant phenotype of a recessive mutation can be 
observed (in approx. a quarter of the fish). b In TILLING, the fish of the F1 generation – 
which carry individual mutations in a heterozygous state—are screened for the presence of 
mutations in genes of interest. This is generally done by extracting genomic DNA from 
biopsies, e.g. fin clips, which is sequenced to identify individuals harbouring mutations in 
(known) genes of interest. As this step of the procedure can be automated it is possible to 
screen large numbers of mutagenised genomes. Once an individual with a mutation in a 
gene of interest has been identified, this fish is outcrossed to a wild-type zebrafish to 
produce an F2 family carrying this mutation. As in a classical phenotypic screen, incrossing 
of siblings from F2 families results in F3 fish that are homozygous for the mutation and can 
be analysed phenotypically. Figure adapted from [163] 
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Fig. 3: Gene knock-down by morpholino antisense nucleotide injection. a Chemical 
structure of part of a morpholino oligonucleotide. b Morpholinos are generally designed to 
bind to either the START codon (ATG), which results in a translational blockage (left), or a 
splice site (SS), which results in a misspliced mRNA and a defective protein (right). c 
Overview of the generation of knock-down phenotypes in zebrafish via injection of 
morpholinos. 1-cell stage embryos of the F1 generation are injected with the morpholino and 
allowed to develop. The morpholino is typically co-injected with a dye (shown here in red) to 
allow monitoring of the amount injected. Depending on when the targeted gene is required 
during development, the injected embryos (morphants) show the knock-down phenotype 
 
Fig. 4: Mechanism of enhancer trapping and gene trapping. a and b Enhancer trap (ET) 
vectors encode a basal promoter (Pb) upstream of a reporter gene such as fluorescent 
marker gfp or transcription activator gal4 (green box). Insertion of an ET vector in proximity 
to an endogenous gene (blue boxes for multiple exons) (a) or into the non-coding region of 
an endogenous gene (b) allows expression of the reporter gene. Endogenous enhancer (en) 
elements thereby stimulate transcription of the reporter gene. The distance between 
insertion site and endogenous enhancer can be variable (II). c Gene trap (GT) vectors 
encode a reporter gene (green box) harbouring a splice acceptor site (SA, red box) at its 5’ 
end. Insertion of a GT vector into the intronic region of an endogenous gene (blue boxes) 
allows generation of chimeric transcripts. The reporter gene can be fused to the upstream 
sequence of an endogenous gene by exploiting the endogenous splice donor (SD) site. 
Since reporter expression of GT constructs depends on endogenous enhancer (en) and 
promoter (P) sequences its pattern mainly reflects the expression of the trapped gene 
 
Fig. 5: Cre/loxP system. Cre recombinase regulated gene expression necessitates 
transgenic constructs harbouring a DNA sequence of interest (seq) flanked by loxP sites 
(black triangle) on either side. a In cells expressing Cre recombinase such floxed DNA 
elements are excised if loxP sites are oriented in parallel (head-to-tail). b If loxP sites are 
anti-parallel oriented (head-to-head) Cre-mediated recombination results in the inversion of 
the floxed DNA element. c Site-specific gene integration exploits target zebrafish lines 
harbouring a single genomic lox site of modified sequence (striped triangle). Knock-in 
constructs, encoding the DNA sequence of interest (red cassette) and a second lox site, are 
integrated into the target site in presence of Cre recombinase (for detail see [164]). Cre 
recombinase can be delivered by microinjection of Cre mRNA into zebrafish eggs. 
Alternatively, Cre enzyme can be expressed as transgene what allows spatio-temporal 
restriction of Cre-mediated recombination events 
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Fig. 6: Visualisation of neuronal structures in 3 day old zebrafish larvae. a Antibody 
staining against acetylated Tubulin (green) visualises neuronal projections. Additionally, 
quantum dots QD605 (red) were intracardially injected to label the vasculature of the larva 
(picture adapted from [165]). b Projections of tectal neurons to the neuropil were 
stochastically labelled by transient transgenic expression of the unc76:EGFP-fusion protein 
(green). The egfp was fused to unc76 for membrane localisation of the fusion product and 
expressed under the -tubulin promoter. Transcription was mediated using the Gal4/UAS 
system. Transgenic constructs were introduced by microinjection of circular plasmid DNA 
into zebrafish eggs. To visualise the overall morphology the larva was counterstained with 
Bodipy Ceramide (red), which labels extracellular matrix and cell membranes (for details see 
[166]). cb, cerebellum; np, neuropil; ot, optic tectum; rh, rhombencephalon. Images courtesy 
of Dr. Reinhard Köster, Neuroimaging Group, Institute of Developmental Genetics, German 
Research Center for Environmental Health, Munich. 
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